All organisms have to safeguard the integrity of their genome to prevent malfunctioning and oncogenic transformation. Sophisticated DNA damage response mechanisms have evolved to detect and repair genomic lesions. With the emergence of live-cell microscopy of individual cells, we now begin to appreciate the complex spatiotemporal kinetics of the DNA damage response and can address the causes and consequences of the heterogeneity in the responses of genetically identical cells. Here, we highlight key discoveries where live-cell imaging has provided unprecedented insights into how cells respond to DNA double-strand breaks and discuss the main challenges and promises in using this technique.
INTRODUCTION
The integrity of our genome is continually challenged by damaging agents such as reactive byproducts of cellular metabolism, background radiation and environmental mutagens. Of the various types of DNA lesions that arise within the cell, DNA double-strand breaks (DSBs) are particularly dangerous as their improper repair can cause chromosomal rearrangements that promote oncogenic transformation [1, 2] . DSBs activate a complex DNA damage response (DDR) cascade, which includes recognition of the damage and initiation of repair, as well as amplification of the damage signal and its transmission to checkpoints that temporarily halt the cell cycle and allow additional time for repair [3] . In case full repair is not achieved, the DDR directs damaged cells towards permanent cell cycle arrest or apoptosis. A functional DDR is therefore vital for preserving genomic integrity and many features of this response are highly conserved from yeast to humans [4, 5] .
Modern medicine has exploited the DDR for cancer treatment [6] . Frontline therapies, such as radiation and chemotherapy, function by generating high levels of DNA damage, often in the form of DSBs. Cancer cells are more susceptible to the adverse effects of DNA damage compared with healthy cells, as they frequently harbor mutations that compromise the DDR and cell cycle checkpoints. However, the effectiveness of anti-cancer therapies depends on the repair capacity of the targeted cells, highlighting the importance of understanding the mechanisms and dynamics of the DDR in healthy and transformed cells.
A characteristic outcome in cancer therapy is 'fractional killing', where each round of therapy kills some but not all cells in a tumor [7] . Traditionally, this was thought to result from differences in the cells' accessibility and sensitivity to the drug, the involvement of cancer stem cells or from genetic heterogeneity between cells of the same tumor [8] [9] [10] . However, much recent work has shown a large cell-to-cell variability in phenotypes and behaviors of genetically identical cells even when they are grown in the same conditions and treated uniformly [11, 12] . Such cellular heterogeneity among isogenic cells was previously shown to have implications in numerous cellular processes including the activation of T cells [13] , the timing of apoptosis [14] and the differentiation of stem cells [15] . Similarly, it is possible that the incomplete killing of tumors in response to DNA-damaging drugs results from differences in the DDR of individual tumor cells arising from stochastic fluctuations in gene expression and protein levels, differences in cellular states (such as cell cycle phase) or an altered microenvironment. In order to gain deeper insights into factors that regulate the DDR and to accurately predict the cellular response to DNA damage, it is therefore essential to observe these responses at the single-cell level.
Historically, DNA repair has been investigated using molecular and biochemical approaches that are based on measurements of populations of cells. For example, early measurements of the kinetics of DSB repair were obtained from physical estimates of DNA size using pulsed-field gel electrophoresis that pooled DNA from a large number of damaged cells [16] . Single-cell methods such as the comet assay allowed detection of the levels of DNA damage in individual cells; however, it was difficult to relate these measurements to the exact number of breaks in a cell [17] . In addition, both methods investigated DNA repair outside the normal physiological context (i.e. outside the nucleus of a cell). The subsequent discovery that DNA repair proteins and modified histones organize into macromolecular structures (foci) around break sites, which can be easily visualized by immunofluorescence and light microscopy, provided a breakthrough advance in our ability to observe the number and location of DSBs in situ, in single cells [18] [19] [20] [21] . Such analyses have been instrumental in providing key conceptual advances regarding the identity and function of various factors involved in the DDR and DSB repair [22] [23] [24] [25] .
While the visualization of damaged-induced foci by immunofluorescence allowed quantification of distinct DSBs in the nucleus, the 'kinetics' of the repair process was inferred by averaging across populations of cells fixed at specific times after damage. Such measurements may not be representative of the true kinetics in single cells (Figure 1 ). Moreover, cell fixation precludes insight into the precise dynamics and order of events at the sites of DNA damage. Live-cell imaging has recently emerged as a powerful technique for visualizing and quantifying the DNA repair process over time in single cells. This technique has been elegantly utilized for understanding the spatiotemporal aspects of the DDR such as the mobility of repair proteins [26, 27] and their assembly into foci at damage sites [28] [29] [30] , as well as the movements of damaged DNA and chromatin [31] [32] [33] [34] [35] [36] [37] [38] [39] . In the following sections, we describe these key areas in which live-cell imaging has provided unprecedented insights into the DDR and outline the main experimental techniques used for these analyses. We also discuss the limitations of using live-cell reporters for studying cellular responses and conclude with open questions that have the potential to be addressed using live-cell imaging methods.
INSIGHTS FROM SHORT-TERM LIVE-CELL IMAGING OF THE DDR
Imaging DNA repair, and more generally biological processes, in living cells has been revolutionized by the discovery of green fluorescent protein (GFP) and the subsequent development of its spectral variants [40] [41] [42] . These fluorescent proteins can be attached to cellular proteins by gene fusion and allow monitoring the levels and intracellular distributions of the tagged proteins by fluorescence microscopy at high temporal and spatial resolutions. Studies combining GFP-tagging of repair proteins with the induction of localized DSBs [43] and the use of dynamic imaging approaches, such as fluorescence recovery after photobleaching (FRAP, reviewed in [44] [45] [46] [47] [48] [49] [50] [51] [52] ), fluorescence loss in photobleaching (FLIP; reviewed in [46, 49, 53] ) and more recently in vivo fluorescence correlation spectroscopy (FCS; reviewed in [54] [55] [56] [57] ), have provided a wealth of knowledge about the spatiotemporal kinetics of repair proteins at DSBs.
FRAP is used to measure the diffusion and binding rates of fluorescently tagged proteins on short time-scales, typically seconds to minutes [58] . The fluorescence signal is irreversibly bleached in a small intracellular region of interest by exposure to a short pulse of high-intensity light ( Figure 2A ). The subsequent recovery of the fluorescence signal, which occurs by exchange of the bleached molecules with the unbleached fluorescent molecules from surrounding regions, is measured as a function of time.
The rate at which the fluorescence recovers provides a measure of the mobility of the tagged protein, which is determined by its rate of diffusion and its in vivo binding interactions.
To assess if the mobility of the fusion protein is influenced by interactions with other proteins or cellular compartments, its FRAP recovery is compared with that of an inert, non-binding molecule, ideally of the same size. When the tagged protein has a slower FRAP recovery than the inert counterpart, transient binding is implicated and the degree of slowdown in the FRAP recovery provides a measure of binding kinetics. Furthermore, the proportion of the original fluorescence that is recovered over the measurement time indicates the mobile protein fraction in the bleached region. When the mobile fraction is less than 100%, some fluorescent molecules may be stably bound to a fixed substrate such as a DSB site. In FLIP, one region of the cell is photobleached, and the loss of fluorescence is recorded in another region of the cell ( Figure 2B ). Different species of the tagged protein migrate into the bleached region at different rates; hence, FLIP provides measurements of the steady state exchange of proteins between the two compartments as well as the binding status of the tagged protein and the relative proportions of its different states [59] .
FRAP and FLIP have been instrumental in establishing that the cytologically stable repair foci are in fact highly dynamic structures, where many of the proteins involved are in constant dynamic exchange between the chromatin-bound fraction and the free nucleoplasmic pool. Different DDR factors are retained in foci for distinct periods of time depending on the availability of specific binding sites and interaction with other DDR factors. For example, the mediator protein Mdc1 is retained in foci at least 10 times longer than the sensor protein Nbs1 [29] . Mediator proteins such as Mdc1 and 53BP1 concentrate at the break site through a constant dynamic exchange between the bound and free fractions. In contrast, effector proteins such as the Chk2 kinase interact with the DSB site transiently and then disperse throughout the nucleus [28] [29] [30] . To determine the hierarchies in which different proteins are recruited to, and retained in foci, FRAP analysis was performed in cells where the expression of key DDR factors had been abrogated by specific small interfering RNAs [30] . Such studies provided insights into two key aspects of the DDR; first, that the dynamic exchange of factors at the break sites affords flexible access to the DNA ends and allows rapid adjustment of enzymatic activities at different stages of the repair. Second, they demonstrate how a localized damage signal generated by DSB is efficiently propagated throughout the nucleus by the disseminating effector proteins.
The most notable application of these techniques in advancing our knowledge of DNA repair came from the work of Essers et al. [26] , in which FRAP was used to investigate how repair factors assemble at break sites. By GFP-tagging proteins of the Rad52 epistasis group that participate in the homologous recombination (HR) pathway, they elegantly demonstrated that these proteins are highly mobile and do not exist as pre-formed repair complexes in the free nucleoplasm. Rather, these proteins assemble into holocomplexes de novo at DSB sites. This allows repair proteins to rapidly diffuse through the entire nucleoplasm as individual molecules or small complexes and encounter aberrant DNA structures in a distributive fashion through random binding events. Through binding to their target sites, these proteins are transiently immobilized and organized into repair complexes before they again dissociate from the DSB and regain mobility. On-the-spot assembly of repair complexes allows rapid detection and easy access to break sites and greater flexibility in the composition of the repair complex as compared with large, preassembled holoenzymes. This is reminiscent of what has been observed for the nucleotide excision repair pathway that counteracts UV damage and appears to be a general phenomenon of DNA repair [60] .
FCS complements FRAP and FLIP in detecting the mobility of proteins and their interactions in vivo. It measures fluctuations in photon number resulting from fluorescent particles diffusing in and out of a small sample volume (1 mm 3 ) in the range of microseconds. These fluctuations reflect the average number of fluorescent molecules in the volume as well as the time of diffusion of each molecule across the measurement volume. FCS can also detect several diffusing species including the fraction of bound and unbound proteins, therefore providing both the concentration of the tagged protein and its diffusion and affinity constants [61] . Using FCS to study the behavior of GFP-tagged BRCA2 in living cells; Jeyasekharan et al. [27] demonstrated that these proteins exhibit restricted mobility under undamaged conditions. However, DNA damage triggers a redistribution of BRCA2 from slow moving forms to those with enhanced mobility and this change is accompanied by an increased binding between BRCA2 and Rad51.
INSIGHTS FROM LONG-TERM TIME-LAPSE IMAGING OF THE DDR IN SINGLE CELLS
Time-lapse imaging can capture the level and localization of fluorescently tagged proteins in live cells ( Figure 2C ). The duration of imaging may extend from a few milliseconds up to days, depending on the nature of the cellular process under observation. Additionally, multiple cellular proteins can be fused with distinct fluorescent tags and simultaneously monitored in the same cell.
Time-lapse imaging has been utilized for investigating the movement of broken DNA in a global chromatin context and to understand if efficient repair occurs at any location in the nucleus or is spatially restricted to selective nuclear compartments. By following two independent DNA lesions in yeast using fluorescent tagging near the break sites, it has been observed that DSBs are mobile and merge in to a common focus containing the HR repair machinery [31] . This suggests that in yeast, distinct dedicated repair centers exist as preferential sites for DSB repair and DSBs on separate chromosomes coalesce into these shared centers. Such merged repair centers may promote the tethering of broken DNA ends and facilitate the capture of homologous templates for HR repair. More recently, quantitative particle tracking of fluorescently tagged chromosomal loci was used to characterize the mobility of damaged DNA during the homology search process in the yeast nucleus. It was observed that homologous chromosomes reside far apart from each other and demonstrate limited movement in the undamaged nucleus [32] . Following DSB induction, the damaged chromosome moves in a 10-fold larger space to pair with its intact homologue. Increased mobility of the damaged chromosome requires the key resection and recombination enzymes Sae2, Rad51 and Rad54 as well as components of the DNA damage checkpoint-Mec1 (ATR in mammals) and Rad9 [32, 33] . In addition, the mobility of the damaged DNA is influenced by the nature of the DNA lesion. One-ended DSBs, which resemble collapsed replication forks and are tethered to their template for repair, demonstrate restricted movement compared with DSB ends that are not repaired or slowly repaired using templates other than the sister chromatid [33] . Furthermore, persistent DSBs in yeast migrate towards the nuclear periphery where they associate with the nuclear pore complex that might facilitate repair [34] .
The picture emerging from observing the mobility of DSB ends in mammalian cells is more complicated. It has been reported that DSBs induced by -irradiation or restriction endonucleases are immobile and do not coalesce into shared repair centers [35] . These observations are consistent with findings from studies of global chromatin movement using fluorescently tagged histones which showed that in mammalian cells, chromatin regions damaged by irradiation undergo no or only limited motion in the nucleus [37] . These results have recently been challenged by experiments indicating that DSBs roam a 2-to 3-fold larger nuclear area compared with undamaged chromatin [36] . As in the case of yeast, the mobility of the damaged regions in mammalian cells may depend on the type of lesion, as for example breaks induced by topoisomerase poisons show increased mobility compared with DSBs induced by irradiation [36, 38] . DSBs induced by -particles and deprotected telomeres have also been reported to show increased mobility [38, 39] .
In a recent study from our group, we used longterm time-lapse imaging to investigate the cell-to-cell variability in the kinetics of DSB repair and the choice of repair pathway [62] . We found that heterogeneity in DSB repair is linked to the cell cycle states of individual cells. Asynchronously growing cells were engineered to simultaneously express fluorescent protein reporters for the total number of DSBs, HR and cell cycle. These cells were monitored for several hours after damage, and the rates of repair and proportion of HR were quantified for each cell. It was observed that the kinetics of DSB repair and the level of HR change with cell cycle stage (Figure 3) . Specifically, cells damaged in mid-S attain the greatest proportions of HR and demonstrate the slowest repair. The balance between the alternate DSB repair pathways-non-homologous end-joining and HR-changes gradually as cells enter or exit S phase and maximal use of HR occurs at the peak of DNA replication. This suggests that in human cells, the extent of active replication, rather than the presence of a sister chromatid, influences the balance between the two repair pathways.
LIMITATIONS OF LIVE-CELL IMAGING
Although live-cell imaging methods present many advantages over their fixed cell counterparts, there are still important limitations to these techniques. Fluorescent reporter proteins are commonly generated by fusing the coding sequence for the fluorescent protein to either the N-or C-terminus of the protein of interest. Many proteins tolerate the addition of a fluorescent tag; however, control experiments are essential to confirm that the fusion protein faithfully represents the expression, sub-cellular localization and function of the endogenous protein.
In addition, it is important to verify that the cellular process under study has not been perturbed by overexpressing one of its components. Ideally, the fluorescently tagged version of the protein replaces the endogenous one. This is best achieved by gene replacement, which preserves the chromatin context of the gene. Various strategies are available to integrate a fluorescent protein in the endogenous gene locus [63] [64] [65] [66] , and genome-scale libraries of fluorescently tagged strains are already available for both yeast and human cells [64, 67] . Alternately, the tagged protein could be introduced into a null background or the expression of the endogenous protein can be reduced using specific small interfering RNA or short hairpin RNA. In addition, some technical limitations also exist in performing live-cell imaging. Until recently, only up to three different fluorescent markers could be visualized simultaneously due to spectral limitations. Recent progress in identifying proteins that fluoresce in the near-infrared spectrum [68, 69] can now allow four channels to be monitored at the same time. Furthermore, computational analysis of time-lapse imaging data is still challenging. It requires sophisticated, automated data-processing procedures including cell segmentation, foci identification and single-particle tracking, which often need to be tailored to the specific experimental system [70] .
PERSPECTIVES AND FUTURE DIRECTIONS
Live-cell imaging is rapidly evolving as a powerful technique for resolving the complex spatial and temporal interrelationships between various DDR factors that orchestrate the cellular response to DSBs. It allows an investigation of dynamical processes in 'real time' instead of giving a 'snapshot' of a cell's current state. By observing cellular phenomena at the level of single cells, we can gain a unique perspective on biological processes that is distinct from the concepts gained by averaging data from populations of cells, which merges their diversity into a median trait and leads to loss of information. At present, the main challenges in live-cell imaging include the time to construct the necessary biological tools and the expertise to analyze the image data. However, with the development of genome scale, tagged protein libraries and new computational tools, it is likely that live-cell imaging will be used more routinely and set the standard for measuring dynamic cellular processes at a high resolution. Furthermore, with current improvements in imaging technologies, it is becoming more feasible to measure individual cellular responses directly in vivo in the context of whole tissues and organisms.
Measurements using DNA damage and repair reporters in live cells will enable us to address additional long-standing questions in this field. For example, studies using reporters for different repair pathways in altered cell states can provide insights into their ability to compensate for each other under selective drug action and at different stages of the repair process. Similar analyses of different mediator and repair proteins will help determine the timing at which commitment to a specific repair pathway occurs and the factors leading to these decisions. Additionally, investigations combining reporters for repair and checkpoint regulators with indicators of cell fates will instruct us on how the rates and mechanisms of repair correlate with time through the checkpoints and with the execution of specific cellular outcomes. Such analyses afford an integrated, system-level understanding of the complex interrelationships between the myriad signaling and repair pathways that comprise the DDR.
Key points
Measurements that average over a population of cells can mask the complexity and heterogeneity of biological processes in individual cells. Live-cell imaging allows acquisition of quantitative dynamic information with high temporal and spatial resolution in individual cells. Live-cell imaging has provided insights into the mobility of damaged DNA, the assembly of DNA repair complexes, and the cell-to-cell variability in the response to DNA double-strand breaks. Current challenges in live-cell imaging include the construction and validation of fluorescent protein reporters and the need for sophisticated image analysis tools.
